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ABSTRACT: Determining how cells generate and transduce mechanical forces at the nanoscale is a major technical
challenge for the understanding of numerous physiological
and pathological processes. Podosomes are submicrometer
cell structures with a columnar F-actin core surrounded by a
ring of adhesion proteins, which possess the singular ability
to protrude into and probe the extracellular matrix. Using
protrusion force microscopy, we have previously shown that
single podosomes produce local nanoscale protrusions on
the extracellular environment. However, how cellular forces
are distributed to allow this protruding mechanism is still
unknown. To investigate the molecular machinery of protrusion force generation, we performed mechanical simulations
and developed quantitative image analyses of nanoscale architectural and mechanical measurements. First, in silico
modeling showed that the deformations of the substrate made by podosomes require protrusion forces to be balanced by
local traction forces at the immediate core periphery where the adhesion ring is located. Second, we showed that three-ring
proteins are required for actin polymerization and protrusion force generation. Third, using DONALD, a 3D nanoscopy
technique that provides 20 nm isotropic localization precision, we related force generation to the molecular extension of
talin within the podosome ring, which requires vinculin and paxillin, indicating that the ring sustains mechanical tension.
Our work demonstrates that the ring is a site of tension, balancing protrusion at the core. This local coupling of opposing
forces forms the basis of protrusion and reveals the podosome as a nanoscale autonomous force generator.
KEYWORDS: atomic force microscopy, 3D nanoscopy, cell mechanics, protrusion force, podosomes

P

atomic force microscopy (AFM)-based method called
protrusion force microscopy (PFM) and evidenced that single
podosomes are able to deform a thin elastic substrate,
producing nanoscale bulges. The forces responsible for these

odosomes are submicrometer adhesion cell structures
formed at the plasma membrane that protrude into,
probe, and remodel the extracellular environment by
releasing proteases. Podosomes are formed by macrophages,
immature dendritic cells, and osteoclasts, and they also relate to
the protrusive structures found in lymphocytes, endothelial
cells, invasive tumor cells, and neurons.1−5 To evaluate the
protrusion forces exerted by podosomes, we have developed an
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Figure 1. Substrate deformation by single podosomes results from local traction and protrusion. (A) Podosome-induced deformations onto a
thin Formvar membrane (yellow). As shown in the scheme, the topography of the membrane is imaged over time by atomic force microscopy
(AFM) in contact mode, on the side of the Formvar membrane not in contact with the macrophages. (A′) Two podosome-induced
protrusions are shown in the movie stills (upper panel: vertical deﬂection; lower panel: height; see Movie 1 for the entire sequence and a
larger ﬁeld). Bar: 500 nm. (B) Height proﬁle of the dotted line in (A′). (C) Protrusion height over time of the two protrusions shown in (A)
(arrowheads). (D−F) Protrusion−traction model used for the numerical simulation of substrate deformation by podosomes. A circular 16μm-wide, 30-nm-thick Formvar plate, clamped at its borders, is subjected to local protrusion force, directed against the substrate, and global
(D, E) or local (F) traction forces, oriented away from it. Protrusion at each podosome core was modeled as an upward force of 10 nN on the
280-nm-wide red disc. Global traction was modeled as a downward force equal to the opposite total pushing force (370 nN) and applied to
the gray area: an annular domain at the periphery of the podosome array (D), or the entire podosome area (E). In contrast, local traction
consisted in a 10 nN downward force applied at each ring domain (F). The parameters used for these simulations correspond to typical
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Figure 1. continued

experimental conditions (see Methods). (G−I) Simulation results of the deformation of a Formvar plate by a hexagonal lattice of 37
protrusion−traction modules. Upper panels: deformation map: lower panels: proﬁles along the dotted lines on the upper panels. Only the
local traction conﬁguration produces a deformation proﬁle consistent with experimental measurements.

Figure 2. Talin or vinculin knockdown decreases protrusion force and core actin polymerization. (A) Representative Western blot of talin
siRNA-mediated depletion out of 5 experiments. (B) Representative Western blot of vinculin siRNA-mediated depletion out of 5 experiments.
(C) Actin polymerization rate in the podosome core measured by ﬂuorescence recovery after photobleaching (FRAP) experiments for the
diﬀerent conditions (n donors > 3 and n podosomes > 29). (D) Left and middle panels: Representative images of the topography of the
substrate deformed by podosomes and measured by PFM, showing the vertical deﬂection (left) and height (middle) for the diﬀerent
conditions. Right panels: Corresponding force maps. Bar: 5 μm. (E) Force distribution of the protrusions shown in (D), ﬁtted by a normal
curve. (F) Podosome protrusion force under the diﬀerent depletion conditions (3 donors, n cells > 40, n podosomes > 1800). For all graphs,
asterisks indicate statistically signiﬁcant diﬀerences compared with control cell populations (see Tables S2 and S3).

deformations increase in response to higher substrate stiﬀness6
and require actin polymerization and myosin II activity. How
cellular forces are distributed to allow this protruding
mechanism at the scale of a podosome is still unknown. We
hypothesize that the podosome machinery relies on a local
balance of a central protrusion force with a peripheral traction
force. Podosomes exhibit a characteristic bipartite architecture
with radial symmetry: a core of F-actin and a surrounding
adhesion ring composed of integrins and adaptor proteins.7
This organization suggests that an actin polymerization-driven
pushing force would take place beneath the podosome core,
while the adhesion ring could bear a counterbalancing pulling
force. Supporting this model, several proteins that belong to the
ring, such as talin, vinculin, and paxillin, are implicated in
traction force transmission in focal adhesions.8,9
To provide sound foundations to this model and ascertain
that the podosome ring actually transmits cellular traction
forces to the substrate, we established a comprehensive link
between the nanoscale spatial organization of single podosomes

and the mechanical eﬃciency of this mesoscale structure. We
combined state-of-the-art techniques, namely, nanonewton
force microscopy and 3D super-resolution optical imaging,
and develop a quantitative workﬂow to investigate molecular
architecture and force generation within single podosomes.
First, ﬁnite-element simulations show that podosomes are sites
of local balance between protrusion and traction forces. Then,
using PFM we show that three proteins of the podosome ring,
talin, vinculin, and paxillin, are needed for the podosome to
protrude against the substrate. Finally, using 3D nanoscopy we
observed vertical extension of talin, indicating that the ring
sustains mechanical tension. These results deﬁne the podosome
as an autonomous nanoscale protrusion force generator in
which adhesion proteins sustain tension and feedback on actindriven protrusion.

RESULTS
Substrate Deformation by in Silico Podosomes
Requires Local Traction in Addition to Protrusion. To
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depletion (Figure 2A,B). We then veriﬁed the localization of
the proteins remaining after siRNA-mediated depletion. The
talin-, vinculin-, and paxillin-depleted macrophages (called
siTln, siVinc, and siPax, respectively) still formed podosomes,
albeit with less talin, vinculin, or paxillin staining at the ring
than control cells (called siCtrl) (Figure S2). Of note, cell
spreading area and podosome density and stability were
aﬀected in siTln and in siPax but not in siVinc macrophages
(Figure S3, S4A,B, and Movie S2).
We evaluated the protrusion forces generated by macrophage
podosomes by two approaches. First, we measured the rate of
actin polymerization at the core, which is known to power
protrusion in podosomes.6 For this purpose, we quantiﬁed
ﬂuorescence recovery (FRAP) after photobleaching single
podosomes in macrophages expressing actin-RFP. The
depletion of each of the three proteins increased the recovery
half-time, indicating slower actin polymerization (Figures 2C
and S1B). Second, we used PFM to evaluate the forces exerted
on the substrate by podosomes (Figure 1A).6,10 Deformation
proﬁles obtained from AFM topography measurements
(Figures 2D and S1C, left and middle panels) are converted
into force values based on the model of the protrusion−traction
module (Figure 1F), taking into account podosome size and
Formvar ﬁlm thickness to supply the required geometrical
parameters (Figures 2D (right panels), 2E, S1C,D).10 To
obtain the parameters corresponding to the depleted
conditions, we measured podosome geometry from deconvolved ﬂuorescence images of immunostained unroofed
macrophages. Podosomes were indeed respectively 35% and
11% larger in siTln and siVinc cells compared to siCtrl, whereas
they were 11% smaller in siPax cells (Figure S3C). Next, PFM
measurements were performed on three separate donors on
about 2000 podosomes per condition. They showed lower
forces exerted on the substrate in cells depleted of ring proteins,
compared to siCtrl cells (Figure 2F and Figure S1E). Thus,
these ring proteins are important for actin polymerizationdriven force generation and for force transmission to the
substrate.
As the vinculin−paxillin interaction requires paxillin
phosphorylation on residues Y31 and Y118 by FAK in response
to myosin contractility,20 we tested whether paxillin activity was
involved in protrusion force activity. For this, we subjected cells
to PF-562,271, a drug that speciﬁcally inhibits the phosphorylation of the focal adhesion kinase FAK and the related kinase
PYK2 and subsequently inhibits paxillin phosphorylation.22
Treating cells with PF-562,271 inhibited paxillin phosphorylation in macrophages (Figure S5A) and decreased protrusion
forces similarly to paxillin depletion (compare Figure S5B−D
with Figure S1C−E). Hence, protrusion force generation
requires the signaling activity of paxillin.
Overall, the three tension-sensitive ring proteins talin,
vinculin, and paxillin are required for core actin polymerization
and protrusive force generation. This demonstrates the
importance of ring integrity for the podosome to protrude
and also suggests that tension may be exerted at the ring.
3D Nanoscopy Reveals Talin Vertical Extension in the
Podosome Ring. Tension in the adhesion ring should
translate into a molecular deformation of the podosome
organization. Indeed, tension has been correlated with talin
vertical extension in focal adhesions.23−25 Since our experiments show talin to be involved in the force machinery of the
podosome, we hypothesized that it could be vertically extended

characterize the deformation of the substrate produced by
podosomes, we used PFM, which consists in plating human
primary monocyte-derived macrophages on a nanometer-thick
Formvar elastic membrane and measuring by AFM the
nanometer-scale deformations of the substrate (Figure 1A
and Movie S1).6 As a podosome protrudes, the substrate
exhibits a 20-nm-high, 2-μm-wide bulge with radial symmetry
that oscillates during a few minutes before relaxing back to a ﬂat
state (Figure 1B,C). Thus, single podosomes create transient
strains in the substrate at the scale of their own size. How
cellular forces can generate this deformation proﬁle is not
known.
Considering that the podosome is at equilibrium, protrusion
forces need to be balanced within the cell to allow the
deformation of the substrate: forces directed toward the
substrate (pushing forces) should be equilibrated by forces
oriented toward the cell (pulling forces). To determine the
spatial distribution of these forces, we simulated a hexagonal
array of simpliﬁed podosome modules acting on a Formvar
sheet. The sheet was deﬁned as a 30-nm-thick disc made of a
purely elastic material of Young’s modulus 2.1 GPa and Poisson
ratio 0.3.6 Each module comprised a 280-nm-wide disc
subjected to an upward compression force of 10 nN, an
estimation of the pushing forces exerted by a podosome core.10
Pulling forces were deﬁned according to three diﬀerent
conﬁgurations: they were either (i) applied on an annular
area at the periphery of the podosome array (Figure 1D), (ii)
spread out on the entire podosome area (Figure 1E), or (iii)
exerted locally on a circular area around each disc, representing
the podosome ring (Figure 1F). Force values were chosen so as
to balance total pulling forces with pushing forces. The
deformation of the sheet resulting from either of these three
load conﬁgurations was obtained by solving the linear elasticity
equations, where zero displacement was imposed on the
circular boundary of the sheet. Only in the case of hypothesis
(iii), i.e., local traction, does the resulting deformation display
bulges (Figure 1G−I), which are of the same scale as the
experimental topography measurements (Figure 1B). This
result argues in favor of local traction forces surrounding
pushing forces within individual podosomes.
Podosome Ring Integrity Is Required for Protrusive
Force Generation. If local traction forces are required for
protrusion force generation, we reasoned that speciﬁcally
disrupting ring integrity should reduce the protrusive capacity
of podosomes. We therefore experimentally targeted talin,
vinculin, and paxillin, three podosome ring proteins reported in
the context of focal adhesions as important to sustain and
transmit cellular traction forces,8,9,11 but whose roles in
podosome mechanics have never been investigated. Talin and
vinculin are proposed to physically link transmembrane
integrins to the actin cytoskeleton. Under tension, talin
assumes an unfolded conformation and can recruit, bind, and
be stabilized by vinculin.12−17 Paxillin, although not considered
to be a direct adhesion−cytoskeleton link, coordinates cell
adhesion dynamics through its interaction with numerous
regulatory and structural proteins including integrins and
vinculin.18−20 We knocked down the expression of each of
these three proteins in macrophages using a dedicated smallinterfering-RNA (siRNA)-based protocol.21 To estimate the
depletion of the protein of interest in macrophages treated with
siRNAs, we performed Western blot experiments. siRNA
treatments resulted in a 62 ± 6% talin depletion (mean ±
SEM), a 75 ± 6% vinculin depletion, and an 88 ± 6% paxillin
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Figure 3. Quantitative 3D nanoscale localization of podosome ring components by DONALD imaging. (A) The ﬂuorescence of a molecule
located in the near-ﬁeld region (z = 0 to λem) collected by a high numerical aperture objective (NA = 1.49) has two components: the far- and
the near-ﬁeld components. The far-ﬁeld emission component, also called undercritical angle ﬂuorescence (UAF), has an angular distribution
determined by the law of refraction and limited by the critical angle θc. This angular distribution of light can be retrieved in the back focal
plane (BFP) within a disk of diameter Φc, which is related to θc. A portion of the near-ﬁeld emission component that is initially evanescent
becomes propagative beyond the critical angle θc inside the glass. This part of the ﬂuorescence light, which is also called supercritical angle
ﬂuorescence (SAF), can be retrieved in the BFP within a ring shape surrounding the UAF disk (angular distribution of the emission based on
ref 40). (B) Whereas the number of UAF photons NUAF remains nearly constant as a function of the interface−ﬂuorophore distance z, the
number of SAF photons NSAF decreases approximately exponentially.40 Hence, the simultaneous measurement of NSAF and NUAF and
computation of the ﬂuorophore SAF ratio ρSAF = NSAF/NUAF for each detected ﬂuorophore can be used to determine the absolute axial
position z of the ﬂuorophore. (C) The axial localization precision was measured on 20 nm red beads randomly embedded in 3% agarose gel
(nm = 1.33). Several beads of various depths from several ﬁelds of view were sequentially imaged in an emission regime similar to Alexa Fluor
647 in terms of signal-to-noise ratio and axially superlocalized thanks to the DONALD technique. For a given bead, the experimental axial
localization precision (red circled dots) is the standard deviation of the series of axial superlocalization measurements given by the DONALD
technique. At this level of signal-to-noise ratio, the axial localization precision deteriorates slowly with depth (from 15 nm for z ≈ 0 to 25 nm
for z ≈ 200 nm). (D) To build the radial height probability density f(r, z) for a single podosome, each protein molecule of coordinates (xi, yi,
zi) detected around a given podosome core (xcore,ycore) was plotted on an r−z map at coordinates (ri, zi) with an intensity of 1/ri. The
superposition of all such points yielded f(r, z) after normalization. Radial height probability density maps were then averaged over more than
50 podosomes per cell, then over all cells, and ﬁnally over all donors. In the ﬁnal representation, each region was determined as the region of
smallest area that encloses the indicated proportion of the proteins: the smallest regions are thus the most concentrated.

in the podosome ring and sought to measure its structural
deformation.
For this purpose, we used a powerful super-resolution
technique called direct optical nanoscopy with axially localized
detection (DONALD) that combines direct stochastic optical
reconstruction microscopy (dSTORM) with supercritical angle
ﬂuorescence (SAF).26,27 This enables the detection of single
ﬂuorophores with a lateral localization precision of typically 5
to 10 nm and an absolute vertical position with a precision of
15 nm (Figure 3A−C). We developed a systematic workﬂow to
obtain a quantitative map of the spatial organization of the
podosome components localized by DONALD. It consists in
calculating the probability density function f(r, z) of the height
and radius of each protein detected, with respect to the actin

core stained on the same cells. Each protein molecule of
coordinates (xi, yi, zi) detected around a given podosome core
(xcore, ycore) was plotted on an r−z map at coordinates (ri, zi)
with an intensity of 1/ri. The superposition of all such points
yielded f(r, z) after normalization (Figure 3D). Singlepodosome density maps were then averaged over thousands
of podosomes, ultimately yielding an average podosome
characterized by the probability density of the radial and
vertical position of each component analyzed.
We performed DONALD imaging of human macrophages to
obtain the distance of talin molecules to the substrate (i.e., the
height) (Figure 4A). Paxillin and actin were also localized as
reference markers for the core and the ring. To evaluate talin
vertical extension, we adapted the approach of Kanchanawong
4032
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Figure 4. Talin is vertically extended in the podosome ring. (A) Left panels: Representative dSTORM images of, from top to bottom, F-actin
(F-act), talin-C (tln C), talin-N (tln N), and paxillin (pax) (purple) merged with the corresponding epiﬂuorescence images of the F-actin core
(ochre). Middle panels: Corresponding DONALD images where the height is represented in false color (scale shown in (B)). Right panels:
Enlargement of the framed podosomes. Bar: 1 μm. (B) Localization of F-actin, talin-C, talin-N, and paxillin within single podosomes. For each
protein, the orthogonal sections of the podosomes enlarged in (A) are shown with the height distribution (white curve on the right side). In
these radial height proﬁles, color corresponds to the height z and intensity denotes the density of detected protein in the r−z space. (C)
Probability density maps of the radial and vertical position of the detected proteins. Each region has been determined as the region of smallest
area that encloses the indicated proportion of protein: the smallest region is thus the most concentrated (n donors > 3, n cells > 11, n
podosomes > 1200). (D) Height proﬁles of the ring proteins with respect to the distance to the center of the actin core. Black/gray asterisks
indicate when a distance class is signiﬁcantly diﬀerent from the [800; 1000] nm class. Hash signs indicate statistically signiﬁcant diﬀerences
between the height of talin-N and talin-C within each distance class (see Table S4). (E) Height diﬀerence between talin-C and talin-N for each
distance class in siCtrl cells (ﬁlled circles, mean ± SD), siVinc cells (open circles), and siPax cells (open triangles) (n donors > 3, n cells >19,
n podosomes > 1500).

and co-workers23 and imaged it twice using antibodies directed
toward residues 434−1076 in its N-terminal region (hereafter
called talin-N) and residues 2522−2541 at its C-terminal
extremity (talin-C). Radial height proﬁles and density maps
show that paxillin and talin-N localized in a narrow layer close
to the substrate (31 ± 3 and 35 ± 1 nm, respectively), which
corresponds to the expected vertical position of the integrin
intracellular domains.23,28 Talin-C, however, displayed a higher
and broader vertical distribution centered around 61 ± 2 nm,
i.e., 26 nm higher than talin-N (Figure 4B−D). This value

compares well with the distance previously observed in focal
adhesions that has been correlated to an extended conformation.16,23,29 Talin-C also showed an increasing height
proﬁle toward the core, and the height diﬀerence between talinN and talin-C was correspondingly greater in the ring (Figure
4D). This suggests that talin might display diﬀerent
conformations in podosomes: a folded conformation far from
the actin cores and a stretched conformation close to the cores.
Actually, it is likely that talin displays not only two
conformations but rather a continuum of stretched conforma4033
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Figure 5. Vinculin localization is associated with talin extension at the ring. (A) Left: Representative dSTORM images of vinculin (purple) in
podosomes merged with the corresponding epiﬂuorescence images of the F-actin core (ochre). Middle: Corresponding DONALD image
where the height is represented in false color (scale shown in (B)). Right: Enlargement of the framed podosome. Bar: 1 μm. (B) Localization
of vinculin within single podosomes. The orthogonal section of the podosome enlarged in (A) is shown with the height distribution (white
curve). Color corresponds to the height z. (C) Probability density maps of the radial and vertical position of vinculin. Each region has been
determined as the region of smallest area that encloses the indicated proportion of protein: the smallest region is thus the most concentrated
(7 donors, 41 cells, n podosomes > 4000). (D) Vinculin height proﬁle with respect to the distance to the center of the actin core. Asterisks
indicate statistically signiﬁcant diﬀerences between each distance class and the [800; 1000] nm class. (E) Left: Representative
immunoﬂuorescence images of podosomes of siCtrl and siTln macrophages co-immunostained for F-actin (red) and vinculin (green). Right:
Intensity proﬁles along the dotted lines. Bar: 1 μm. (F) Left: Radial probability density maps showing the volume distribution of vinculin in
the r−z space in siCtrl and siTln cells. Right: Height proﬁles of vinculin with respect to the distance to the center of the actin core in siCtrl
cells versus siTln cells. Black/gray asterisks indicate when a distance class is signiﬁcantly diﬀerent from the [800; 1000] nm class, whereas hash
signs denote the diﬀerence between vinculin height in siCtrl cells versus siTln cells (see Table S4) (n donors > 4, n cells > 31, n podosomes >
2300).
4034

DOI: 10.1021/acsnano.7b00622
ACS Nano 2017, 11, 4028−4040

Article

ACS Nano
tions depending on the traction intensity, as suggested by in
vitro experiments.14,30 Overall, talin is vertically oriented and
extends on average over 26 nm, which suggests that talin is
under tension.
Vinculin and Paxillin Stabilize Talin Extension. We
then wanted to conﬁrm that the observed talin orientation
resulted from tension applied in the adhesion ring. Having
shown that ring integrity is required for protrusion force, we
examined the eﬀect of vinculin and paxillin depletion on talin
extension. The average diﬀerence between the z-positions of
talin-C and talin-N was reduced from 26 nm in siCtrl cells to
less than 4 nm in siVinc cells and to 6 nm on average in siPax
cells (Figure 4E). Hence, vinculin and paxillin are required for
talin extension in podosomes, which further supports the
existence of tension in the podosome ring.
Since vinculin and paxillin depletion reduce both force
generation and talin vertical extension, the deformation we
reveal here within the adhesion ring probably results from a
traction force that pulls on the substrate at the contact area and
counterbalances the protrusion force developed at the core
against the substrate.
Vinculin Localization Is Associated with Talin Extension at the Ring. Finally, to further support a traction force at
the adhesion ring as indicated by talin extension, we
determined nanoscale vinculin localization. Indeed, it has
been proposed that, when subjected to tension, talin exposes
sites where vinculin can bind, thus stabilizing the mechanical
linkage between integrins and the actin cytoskeleton.12,14,31
Hence, talin extension in podosomes should correlate with
vinculin recruitment at the ring. We therefore assessed the
nanoscale localization of vinculin using DONALD imaging
(Figure 5A). Radial height proﬁles and density maps yield a
broad height distribution with an average localization at 52 ± 3
nm above the substrate, remaining between the height values of
talin-N (35 nm) and talin-C (61 nm). This wide vertical
distribution of vinculin within single podosomes may indicate
the presence of several populations of vinculin molecules that
bind either directly to diﬀerent sites on the talin molecules or to
other partners such as integrins, paxillin, or actin. Strikingly,
vinculin height varied with respect to the distance to the core,
correlating with the observed talin extension: it increased
gradually from 46 ± 3 nm to over 54 ± 3 nm when close to the
core (Figure 5B−D). To assess whether vinculin localization at
the ring actually depends on talin, we imaged vinculin in talindepleted macrophages. In this condition, vinculin did not
present the typical ring morphology, but instead was displaced
farther from the podosome core into the space between
podosomes (Figure 5E,F). Furthermore, vinculin vertical
localization in siTln cells was higher compared to siCtrl cells
(Figure 5F), suggesting that, in the absence of talin, vinculin
may bind to other partners, such as actin. Hence, talin controls
vinculin nanoscale localization at the ring.
In summary, the podosome ring proteins, talin, vinculin, and
paxillin, are important for protrusion force generation, and talin
presents a vinculin- and paxillin-dependent extension that
correlates with vinculin recruitment at the ring. These results
support the notion that traction at the ring and protrusion at
the core sustain each other, resulting in local substrate
deformation by the podosome (Figure 6).

Figure 6. Model of ring protein organization and podosome force
generation. Based on the current knowledge and our results on
podosomes, we propose the following model. At the core of the
podosome, F-actin polymerizes against the substrate; it is
surrounded by a spatially structured ring-shaped integrin-based
adhesion complex. Paxillin and talin, known to bind to the
intracellular domains of integrins, were found about 30 nm above
the substrate. Talin assumes an open conformation under traction
probably mediated by lateral actin ﬁlaments, all the more stretched
as it nears the core. This tension-dependent stretching has been
shown to uncover multiple vinculin-binding sites on the talin
molecule and thus enables, in podosomes, the binding of vinculin,
which in turn stabilizes talin extension. Hence protrusion at the
core, driven by actin polymerization (central arrow), is balanced by
traction at the ring (lateral arrows), sustained and transmitted to
the substrate by talin, which is required for protrusive deformation
of the substrate. Talin, vinculin, and paxillin act together, at a
speciﬁc place in the ring, to respond to tension by enabling eﬃcient
force generation on the environment.

DONALD, we provide evidence that the generation of
protrusions by podosomes requires both protrusive force at
the core and traction force at the adhesion ring. Thus, this work
brings forward highly signiﬁcant and original data for
podosome mechanics. Indeed, it demonstrates that podosomes
are autonomous force generators where adhesion ring proteins
regulate the protrusion generator at the core and sustain the
resulting mechanical tension so that force is transmitted to the
substrate (Figure 6). This supports a mechanical coupling
between core and ring and provides a mechanism for local
mechanotransduction, in the sense that tension-based rigidity
sensing could feedback on protrusion dynamics. Such a
coupling could also explain why the levels of core actin and
ring components are correlated.32,33
We provide a 3D portrait of the podosome, which calls for a
deeper inquiry into the underlying molecular actors that couple
the core to the ring. The radial proﬁles we observed for talin
vertical extension and for vinculin height provide a hint toward
the scaﬀold underlying this coupling. Indeed, both proﬁles
increase similarly by 10 nm near the core, while the talin-N
position remains uniform. This may result from two
nonexclusive causes. On one hand, talin could be more
stretched near the core and vinculin would then have access to
the binding sites closer to the C extremity of the talin
molecule.14,31 On the other hand, traction force could also
steepen talin orientation close to the core, while vinculin would
remain bound at a ﬁxed position on talin. Both phenomena
require a force with a vertical component to be exerted on talin
molecules. Since the C extremity of talin is able to bind actin,
the linkage could be embodied by lateral actin ﬁlaments (Figure
6).34

DISCUSSION
Combining ﬁnite element simulations, force measurements by
PFM, and the nanoscale 3D organization data obtained with
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RNA Interference Knockdown. Macrophages were transfected at
day 7 of diﬀerentiation with 166 nM siRNA using the HiPerfect
system (Qiagen) as described previously.21 The mix of HiPerfect and
siRNA was incubated for 15 min at room temperature and then added
drop by drop to the cells. On the basis of the use of the red siGLO
transfection indicator (Dharmacon), this protocol yielded a large
delivery of siRNA (95% of siGLO-positive cells). After 10 days with
siRNA, macrophages were detached with trypsin-ETDA (Invitrogen)
and lysed for Western blot analysis or plated at 2.5 × 104 cells cm−2 on
Formvar-coated grids or on glass coverslips for microscopy experiments. An approximate 75% protein depletion was obtained (see
Results). Cells were monitored randomly; hence our measurements
provide the average eﬀect of depletion and may underestimate its
actual eﬀect. The following siRNA (Dharmacon) were used: human
ON-TARGET plus SMART pool siRNA nontargeting control pool
(siCtrl); ON-TARGET plus SMART pool siRNA, TLN1 sequences
(talin-1): 5′-GAGAUGAGGAGUCUACUAU-3′; 5′-UCAAUCAGCUCAUCACUAU-3′; 5′-GUAGAGGACCUGACAACAA-3′;
5′-GAAGAUGGUUGGCGGCAUU-3′; ON-TARGET plus SMART
pool siRNA, vinculin sequences: 5′-UGAGAUAAUUCGUGUGUUA3′; 5′-GAGCGAAUCCAACCAUAA-3′; 5′-GCCAAGCAGUGCACAGAUA-3′; 5′-CAGCAUUUUAUUAAGGUUGA-3′; ON-TARGET plus SMART pool siRNA, paxillin sequences: 5′-CAACUGGAAACCACACAUA-3′; 5′-GGACGUGGCACCCUGAACA-3′; 5′CCAAACGGCCUGUGUUCUU-3′; 5′-UGACGAAAGAGAAGCCUAA-3′.
Primary Antibodies. The following antibodies were used: mouse
anti-talin-N (clone 8d4, Sigma-Aldrich T3287, IF 1/500, WB 1/200),
goat anti-talin C-20 (Santa Cruz sc-7534, IF 1/50), mouse antivinculin clone hvin-1 (Sigma-Aldrich V9131, IF 1/500, WB 1/200),
mouse anti-paxillin (BD Biosciences 61005, IF 1/500, WB 1/1000),
rabbit anti-phospho-Tyr118-paxillin (Cell Signaling #2541, WB 1/
1000), rabbit anti-actin (Sigma-Aldrich A5060, WB 1/40,000), and
mouse anti-tubulin (Sigma-Aldrich T5168, WB 1/10,000).
Immunoﬂuorescence. Macrophages plated on glass coverslips for
3 h were ﬁxed for 10 min in 3.7% (wt/vol) paraformaldehyde solution
containing 15 mM sucrose in PBS (Fisher Scientiﬁc) at room
temperature. When indicated, before ﬁxation, cells were unroofed
using distilled water containing cOmplete protease inhibitors (Roche)
and 10 μg/mL phalloidin (Sigma-Aldrich P2141) at 37 °C for 30 s.
After ﬁxation, cells were permeabilized for 10 min with PBS/0.3%
Triton and blocked with PBS/0.3% Triton/1% BSA. Samples were
incubated with the primary antibodies for 1 h and then with phalloidin
and secondary antibodies for F-actin and ring proteins, respectively.
Finite Element Simulations. Simulations of substrate deformation by podosomes were performed using the Structural Mechanics
module of COMSOL Multiphysics 4.3 software (COMSOL France)
as described previously.10 Brieﬂy, a circular Formvar sheet of diameter
16 μm and thickness 30 nm was clamped at its borders. On its lower
surface, we deﬁned an array of two-component modules composed of
a central disc (radius 140 nm) and a concentric ring (radius 350 nm
and width 200 nm) and placed 1.75 μm apart (center-to-center
distance). Protrusion at the core was modeled as an upward force of Fp
= 10 nN exerted on each disc domain, and local traction consisted of a
downward force of Ft = −(1 + α)Fp exerted on each ring domain
(Figure 1F,I). The correction factor α = 10−3 was chosen empirically
so that the seven central bulges were in the same plane. Global traction
was modeled as a downward force of 37Ft applied either on the
periphery (Figure 1D,G) or on the whole area except for a 250-nmwide disc domain around each core (Figure 1E,H). Meshing used
COMSOL default tetrahedral conﬁguration with sizes determined so
that the smallest distance spanned at least two tetrahedrons.
Protrusion Force Microscopy. Protrusion force measurements
were performed as described previously.6,10 Brieﬂy, AFM measurements were performed using silicon nitride cantilevers (MLCTAUHW, Veeco Instruments) with a nominal spring constant of 0.01
N/m mounted on a NanoWizard III AFM (JPK Instruments) coupled
to an inverted optical microscope (Axiovert 200, Carl Zeiss). The
cantilever sensitivity and spring constant were calibrated before each
experiment with the JPK Instruments software using the thermal noise

Interestingly, this hypothesis would make a similarity
between podosomes and focal adhesions, despite their diﬀerent
organization and mechanics. Focal adhesions are elongated
adhesive plaques where acto-myosin-dependent traction forces
are applied tangentially to the substrate and counterbalanced at
the scale of the whole cell, whereas podosomes are circular
bipartite structures capable of protruding into the substrate
through local force generation. However, our nanoscopy data
show that podosomes possess similar molecular architecture to
focal adhesions.23 This makes it reasonable to think of lateral
actin ﬁlaments as the linkages needed to transmit to the
podosome ring the vertical forces necessary to explain talin
vertical extension. Thus, our ﬁnding that tension is necessary
for protrusion reframes the podosome ring as an assembly of
adhesion complexes that would operate, individually, as smallscale focal adhesions; but collectively, these complexes would
counterbalance the polymerizing force of the actin core they
encircle, ultimately resulting in orthogonal deformation of the
substrate. The interaction of actin with traction-associated
proteins, namely, talin, vinculin, and paxillin, may also explain
why podosomes are mechanoresponsive, as reported previously:6 mechanosensing would be operated by the ring and its
lateral ﬁlaments in the same way as it occurs in focal adhesion
and stress ﬁbers. Finally, we are led to the idea that two
diﬀerent subcellular structures using the same set of
components with the same molecular mechanisms, but
organized each with its own speciﬁc architecture, acquire
diﬀerent mesoscopic abilities, i.e., pull on, or protrude into, the
substrate. It may be that such versatility corresponds to
diﬀerent environments encountered by the migrating cell35 or
by diﬀerent cell types adapted to varying matrix properties.

CONCLUSION
This study reveals feedback at a submicrometer scale between
force-generating machinery and adhesion components. Our
approach highlights the fruitfulness of a combined mechanical
and architectural approach to dissect the workings of active
biological structures inside the cell. Zooming out from
podosomes, this work sheds light on the mechanobiology of
the actin-based subcellular protrusive structures found in
various cell processes, including 3D migration,11 cancer cell
invasion,2 vascular branching,3 axon growth,4 and bone
resorption.5 It also clariﬁes the similarities to and diﬀerences
from the well-known adhesion structure, focal adhesions, and
advances the understanding of the diverse strategies adopted by
cell types to adhere and migrate in their respective environments.
METHODS
Diﬀerentiation and Culture of Primary Monocyte-Derived
Macrophages. Human monocytes were isolated from blood of
healthy donors as described previously.1 Cells were resuspended in
cold phosphate buﬀer saline (PBS) supplemented with 2 mM EDTA
and 0.5% heat-inactivated fetal calf serum (FCS) at pH 7.4 and
magnetically sorted with magnetic microbeads coated with antibodies
directed against CD14 (Miltenyi Biotec). Monocytes were then seeded
on glass coverslips at 1.5 × 106 cells/well in six-well plates in RPMI
1640 (Invitrogen) without FCS. After 2 h at 37 °C in a humidiﬁed 5%
CO2 atmosphere, the medium was replaced by RPMI containing 10%
FCS and 20 ng/mL of macrophage colony-stimulating factor (M-CSF)
(Peprotech). For experiments, cells were harvested at day 7 using
trypsin-EDTA (Fisher Scientiﬁc) and centrifugation (1000 rpm, 10
min).
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Andor), split on two regions of 325 × 256-pixel area, and positioned
on the focal plane of the DONALD module (2.7× magniﬁcation,
optical pixel size of 100 nm). The two imaging paths are calibrated in
terms of transmission eﬃciency to deﬁne a permanent correction
factor that compensates the imperfect beamsplitter.
To induce the majority of the ﬂuorophores into the dark state, we
excited the samples using a laser in an oblique conﬁguration. Once the
density of ﬂuorescent dye was suﬃcient (typically, under 1 molecule/
μm2), we activated the real-time three-dimensional localization
performed by home-written Python code. For all recorded images,
the integration time and the EMCCD gain were set to 50 ms and 150,
respectively.
The spatial organization of proteins within the podosome was
quantiﬁed as follows. First, podosome cores were located as the
intensity peaks on actin epiﬂuorescence images from the 488 nm
channel after Gaussian ﬁltering, and each was attributed its in-plane
coordinates (xcore, ycore). Then, for each core, the protein molecules
distant laterally by less than 1 μm from this core were selected among
all molecules detected in the 647 nm channel (i.e., the points (xi, yi, zi)
such that ri = [(xi − xcore)2 + (yi − ycore)2]1/2 < 1 μm) and counted as
points (ri, zi) of an r−z space. This analysis was performed for all
podosomes of a given cell, which resulted in a correlation of height
versus radius for each cell. From these data, the average height for each
distance class (radial height proﬁles shown in Figures 4D,E and 5D)
was determined by ﬁtting the height distribution within the class with a
Gaussian distribution and taking the peak height. Finally, the average
height given in the text was calculated as the average over all distance
classes (200 ≤ r < 800 nm) weighed by the radial density (see data in
Table S4).
To determine the 3D molecular organization of each protein, we
generated radial density maps and located each protein with respect to
the center of the podosome. Experimentally, through the combination
of dSTORM and SAF, we have access to the number of detected
proteins dn(x, y, z) in an inﬁnitesimal volume given by the x, y- and zresolution of the technique. In cylindrical coordinates, this number
transforms into dn(r, z) by changing the x, y coordinates into the
lateral distance r to the center of the podosome core and can be
expressed as dn(r, z) = α2πr f(r, z) dr dz. In this expression, f(r, z)
represents the probability density of the height and radius of each
labeled protein around the core, which we call the radial height
probability density of the protein, and α is a normalization coeﬃcient
ensuring that the total probability is equal to 1, viz., ∫ ∫ f(r, z)2πr dr dz
= 1. Figures 4C and 5C) represent this radial height probability density
as a probabilistic density map for each labeled protein: f(r, z) was
determined for all the podosomes of a given cell, then averaged over all
investigated cells per donor and then over all donors, as described in
Figure 3D. Brieﬂy, each protein molecule of coordinates (xi, yi, zi)
detected around a given podosome core (xcore,ycore) was plotted on an
r−z graph at coordinates (ri, zi) with an intensity of 1/ri, the
superposition of which yielded, after normalization, the graph of f(r, z)
for this podosome. The graphs were averaged over more than 50
podosomes per cell, then over all cells per donor, and ﬁnally over all
donors. Finally, the radial height probability density was shown as a
density map, each region of which is determined as the region of
smallest area that encloses a given proportion of the proteins.
Confocal Imaging. For analysis of talin, vinculin, and paxillin
podosome content shown in Figure S2B,D,F, siTln, siVinc, or siPax
cells were plated on glass coverslips together with siCtrl cells
previously stained with Cell Tracker Green (CMFDA, Molecular
Probes). Mixed cell populations were ﬁxed and processed for
immunoﬂuorescence using Atto 390-phalloidin (Sigma, 1/200) for
F-actin and the Alexa Fluor 555-coupled secondary antibody
(Molecular Probes, 1/1000) for ring proteins. Confocal images were
acquired using a 60×/1.4 objective on an Olympus FV1000
microscope. Podosomes were analyzed with Fiji software. Brieﬂy,
podosome cores were detected using the “Find Maxima” function of
the software. After subtraction of the mean ﬂuorescent background,
the mean ﬂuorescent intensity was measured in a 1.5-μm-large circular
region centered on the core. For each ﬁeld of view, intensity

method.36 To prepare Formvar sheets, ethanol-cleaned glass slides
were dipped into a Formvar solution of 0.5% (w/v) ethylene
dichloride (Electron Microscopy Science) for a few seconds, and the
solution was emptied from the ﬁlm-casting device using a calibrated
ﬂow. A Formvar ﬁlm was detached from dried slides by contact with
water and was left ﬂoating at the surface. Acetone-washed 200-mesh
nickel grids (EMS) were arranged on the ﬂoating ﬁlm, picked up,
coated with the ﬁlm onto another glass slide, and then air-dried. To
evaluate the thickness of the Formvar sheet, the border of the Formvar
that remained on the glass slide after removing the grids was imaged in
contact mode by AFM. Living cells were plated on Formvar-coated
grids that were placed inside a temperature-controlled chamber (Petri
dish heater, JPK Instruments), and the culture medium was
supplemented with 10 mM HEPES (pH = 7.4) (Sigma-Aldrich).
For the inhibition of paxillin phosphorylation, PFM was performed on
the same cells before and after 30 min treatment with the FAK
inhibitor PF-562,271 (Euromedex) at 1.5 μg/mL. Images were
recorded in contact mode in liquid at scanning forces lower than 1
nN. Cell-induced protrusions were imaged with a pixel resolution of
256 or 512 pixels at a line rate around 2 Hz. Forces exerted by single
podosomes were derived from the topographical data of podosomeinduced protrusions,10 and each cell was attributed the median force
value of its podosomes. Brieﬂy, the deformation proﬁle of each
protrusion was measured on the AFM image using an ImageJ macro
and, combined with the ring radius values, led to the determination of
the deformation height h. This was converted to force for each
podosome by the relation F = C0

E

hf 3

1 − ν 2 rt 2

h, where the biaxial Young’s

modulus of Formvar, E/(1 − ν ), is 2.3 GPa (ref 6), C0 ≈ 2.7 is a
geometric coeﬃcient evaluated from numerical simulations,10 and the
ﬁlm thickness hf and ring radius rt were measured for each series of
experiments by AFM and immunoﬂuorescence, respectively.
FRAP Measurements. Macrophages were transfected with mRFPactin (kindly provided by S. Linder) using the Neon electroporation
system (Invitrogen) as described previously37 and plated in a Lab-Tek
glass-bottom chamber (Fisher Scientiﬁc) 6 h before experiment. FRAP
was performed on a LSM710 confocal microscope (Zeiss) using a
dedicated FRAP module included in the ZEN software. The
microscope was equipped with a 40×/1.3 oil objective and a 37 °C,
5% CO2 incubator. The 561 nm laser line was used for both imaging
and bleaching. Images were acquired every 5 s with a pixel dwell of 9
μs. Podosomes were delimited by creating circular regions of 1.05 μm
diameter and bleached sequentially to obtain a 50 ± 10% decrease in
ﬂuorescence. Recovery and control curves (ﬂuorescence intensity
extracted from a nonbleached region) were measured with ImageJ and
exported and ﬁtted in Excel following the Soumpasis equation.38 t1/2
values were calculated from this ﬁt.
DONALD 3D Super-resolution Imaging. Macrophages plated
on glass coverslips of accurate thickness (0.17 mm ± 0.5%,
Marienfeld) were unroofed and ﬁxed with 3.7% paraformaldehyde/
0.2% glutaraldehyde in PBS. Talin, vinculin, and paxillin were stained
with the corresponding primary antibody and an Alexa Fluor 647coupled secondary antibody (Molecular Probes A21237, 1/1000) for
dSTORM, and podosome cores were labeled with Alexa Fluor 488phalloidin (Molecular Probes A12379, 1/500) for epiﬂuorescence.
dSTORM imaging of F-actin was performed on samples stained with
Alexa Fluor 647-coupled phalloidin only (Molecular Probes, A22287,
1/200). All dSTORM experiments were performed with the Smart-kit
buﬀer (Abbelight, France).
3D superlocalization images were acquired using a Nikon Eclipse Ti
inverted microscope combined with a Perfect Focus System and
conﬁgured for these studies in HiLo excitation thanks to a homemade
optical conﬁguration. Samples were excited with a 488 nm (Genesis
MX-STM 500 mW, Coherent) and a 637 nm (Obis 637 LX 140 mW,
Coherent) optically pumped semiconductor laser. A set of fullmultiband laser ﬁlters, optimized for 405, 488, 561, and 635 nm laser
sources (LF405/488/561/635-A-000, Semrock), was used to excite
Alexa Fluor 488 or 647 for the collection of the resultant ﬂuorescence
via a Nikon APO 60×/1.49 oil immersion objective lens. All images
were recorded using a 512 × 512 pixels EMCCD camera (iXon 897,
2

4037

DOI: 10.1021/acsnano.7b00622
ACS Nano 2017, 11, 4028−4040

Article

ACS Nano
measurements were normalized by the average intensity of the ring
component in the siCtrl population.
Deconvolution Imaging. For podosome size measurement,
unroofed macrophages immunostained for actin (Texas-Red phalloidin, Molecular Probes T7471, 1/500) and vinculin/paxillin (Alexa
Fluor 488 secondary antibody, Molecular Probes M4409, 1/1000)
were imaged over nine planes at 100 nm intervals with a 100×/1.45
objective mounted on a Nikon Eclipse Ti-E and an Andor sCMOS
Neo camera in high dynamic mode and in global shutter. These
images were processed by nonlinear deconvolution as described
previously10 using the ImageJ software Deconvolution Lab.39 The
point spread function (PSF) used for inversion was determined as an
average of 30 experimental PSFs. Podosome size was measured
automatically from pairs of deconvolved ﬂuorescence images of actin
and vinculin or paxillin using a dedicated ImageJ macro.10 Brieﬂy, the
position of the center of each core was determined as the coordinates
of the actin intensity peaks weighted by the surrounding gray values.
Then radial intensity proﬁles of vinculin/paxillin rings served to
measure the distance from the core to the point of highest vinculin/
paxillin intensity. For each podosome, the ﬁnal value was chosen as the
median value of the radii measured in eight directions from the center
(each 45° angle).
Podosome Stability Measurements. Macrophages were transduced with mCherry-LifeAct lentiviral vector 2 or 3 days before
experiments. Transduction was performed by incubating cells with
lentiviral vector (MOI: 1:1) in 800 μL of RMPI 1640 supplemented
with 50 μg/mL protamine sulfate. After 2 h at 37 °C, 1.5 mL of fresh
RPMI containing 10% FCS and 50 ng/mL M-CSF was added and
renewed the day after transduction. For observation, cells were
detached and seeded in Lab-Tek glass-bottom chambers. After 4 h,
cells were imaged using an inverted microscope (DMIRB, Leica
Microsystems) equipped with a 37 °C and 5% CO2 incubator (BoxCube-Brick, Life Imaging Systems). Images were acquired with the
Metamorph software every 20 s over a 45 min period on 10
representative ﬁelds per condition for each experiment. Podosome
stability was evaluated by quantifying the median lifespan from 10
manually tracked podosomes per cell.
Western Blot. Cells in six-well plates were detached with trypsinEDTA (Invitrogen), centrifuged, and then lysed by adding 100 μL of
boiling 2× Laemmli buﬀer containing phosphatase inhibitors (2 mM
orthovanadate, 5 mM NaF) onto cell pellets for 5 min. A 20 μg
amount of protein was subjected to electrophoresis in 10% SDS−
PAGE gels and transferred onto a nitrocellulose membrane.
Membranes were saturated with 3% BSA in TBS-T (50 mM Tris,
pH 7.2; 150 mM NaCl; and 0.1% Tween 20) for 30 min and incubated
with primary antibody overnight at 4 °C. Then, primary antibodies
were revealed using a HRP-coupled secondary anti-mouse (Sigma) or
anti-rabbit (Cell Signaling Technology, Beverly, MA, USA) antibody
for 1 h. Finally, HRP activity was revealed using an electrochemiluminescence kit (Amersham) according to the manufacturer’s
instructions. All blots were normalized against actin or tubulin
expression.
Statistical Analysis. All box-and-whisker plots show the median,
lower, and upper quartiles (box) and the 10th and 90th percentiles
(whiskers). The median podosome force per cell followed a Gaussian
distribution in each condition, as assessed by the D’Agostino−Pearson
test. Its variance was similar between each condition. In depletion
experiments, the signiﬁcance of force values was assessed in depleted
cells versus control cells (Figures 2F and S1E) using the two-tailed
unpaired Student’s t-test. In FAK inhibition experiments (Figure S5D),
force values before and after treatment were paired for each cell and
compared to each other using the two-tailed paired Student’s t-test.
The slope of height proﬁles (Figures 4D and 5D,F) was assessed for
statistical signiﬁcance by comparing the height in each distance class to
that in the [800; 1000] nm class. Height values were paired within
each cell and compared using the two-tailed Wilcoxon’s signed-rank
test. The height of talin-N versus talin-C (Figure 4D was compared
within each distance class using the two-tailed Mann−Whitney test.
The height of vinculin in depleted versus control cells (Figure 5F) was
compared within each distance class using the two-tailed Mann−

Whitney test. Ring protein intensity (Figure S2B,D,F), cell spreading
area (Figure S3B), podosome stability (Figure S4A,B), podosome size
(Figure S4C), and ﬂuorescence recovery half-time (Figures 2C and
S4B) data were compared between depleted cells and control cells
using the two-tailed Mann−Whitney test. In all cases * and #
correspond to p < 0.05, ** and ## to p < 0.01, and *** and ### to p
< 0.001. See Tables S1−9 for detailed information.
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